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The use of cellulases remains a major cost in the
production of renewable fuels and chemicals from
lignocellulosic biomass. Fungi secrete copper-
dependent polysaccharide monooxygenases
(PMOs) that oxidatively cleave crystalline cellulose
and improve the effectiveness of cellulases.
However, the means by which PMOs recognize
and cleave their substrates in the plant cell wall
remain unclear. Here, we present structures of
Neurospora crassa PMO-2 and PMO-3 at 1.10 and
1.37 A˚ resolution, respectively. In the structures,
dioxygen species are found in the active sites,
consistent with the proposed cleavage mechanism.
Structural and sequence comparisons between
PMOs also reveal that the enzyme substrate-binding
surfaces contain highly varied aromatic amino acid
and glycosylation positions. The structures reported
here provide evidence for a wide range of PMO
substrate recognition patterns in the plant cell wall,
including binding modes that traverse multiple
glucan chains.
INTRODUCTION
The recalcitrance of crystalline cellulose to hydrolysis and the
complex ultrastructure of the plant cell wall remain significant
barriers to the efficient and economic conversion of lignocellu-
losic biomass to fermentable sugars (Galazka and Cate, 2011).
Many microorganisms have evolved enzymes capable of de-
grading plant biomass to gain access to this abundant carbon
source. Of these, a significant effort has been focused on fila-
mentous fungi and the cellulases that they secrete. Cellulases
are hydrolytic enzymes that cleave the b-1-4 glycosidic bonds
present in cellulose. For hydrolysis to occur, glucan chains
must be separated from the crystalline cellulose surface and
threaded into a tunnel or cleft containing the cellulase active
site. This chain separation process has been proposed to be
a rate-limiting step for cellulose hydrolysis, as hydrolysis ofStructure 20, 10amorphous forms of cellulose is significantly faster compared
to crystalline substrates (Wilson, 2009).
For many years hydrolases were the only enzymes known to
depolymerize cellulose, although many other proteins have
been implicated in cellulose degradation. One such class of
enzymes was referred to as glycosyl hydrolase family 61
enzymes (GH61s). These enzymes have been identified in the
genome, transcriptome, and secretome of multiple cellulolytic
fungi (Berka et al., 2011; Eastwood et al., 2011; Tian et al.,
2009) and have been shown to significantly enhance the activity
of cellulases (Harris et al., 2010; Langston et al., 2011; Phillips
et al., 2011; Quinlan et al., 2011). The first structure of a GH61
enzyme revealed a flat substrate-binding surface lacking the
conserved carboxylic acid residues essential for hydrolytic
cleavage by cellulases (Karkehabadi et al., 2008).
Recently, it was shown that GH61 enzymes are copper-
dependent enzymes that use reducing equivalents provided
by the enzyme cellobiose dehydrogenase (CDH) or small mole-
cule reductants to catalyze the oxidative cleavage of cellulose
(Langston et al., 2011; Phillips et al., 2011; Quinlan et al., 2011).
We proposed a mechanism of action for these enzymes result-
ing in oxygen insertion into cellulose at C-H bonds adjacent to
the glycosidic linkage (Beeson et al., 2012; Phillips et al., 2011).
The hydroxylated product is unstable and decomposes with
the elimination of the adjacent carbohydrate moiety, thereby
causing a break in the glucan chain. Hence, these enzymes
are polysaccharide monoxygenases (PMOs). A larger family
of proteins, such as the chitin- and cellulose-degrading
CBM33 enzymes, have less than 10% sequence identity but
may belong to the same superfamily (Forsberg et al., 2011;
Vaaje-Kolstad et al., 2010). The fungal PMOs have been shown
to yield cellulose cleavage products oxidized at either the C1
or C4 position to form an aldonolactone or 4-ketoaldose,
respectively (Beeson et al., 2012; Phillips et al., 2011). Based
on the sequence similarity and the product specificity, PMOs
can be classified into at least three types (Figure S1A available
online). Type-1 PMOs hydroxylate the C1 position of pyranose
residues and produce an aldonolactone. Type-2 PMOs hydrox-
ylate the C4 position of pyranose residues and produce a 4-ke-
toaldose. Type-3 PMOs appear to have less specificity,
producing an aldonolactone and/or nonreducing end oxidized
products (Beeson et al., 2012; Phillips et al., 2011; Quinlan
et al., 2011).51–1061, June 6, 2012 ª2012 Elsevier Ltd All rights reserved 1051
Table 1. Data Collection and Refinement Statistics
PMO-2 PMO-3
Data collection
Space group P21 (4) P21 (4)
Cell dimensions
a, b, c (A˚) 67.17, 41.99, 69.25 35.74, 77.89, 82.05
a, b, g () 90.00, 97.94, 90.00 90.00, 90.02, 90.00
Resolution (A˚) 22.86–1.10
(1.16–1.10)a
35.74–1.37
(1.45–1.37)
Rsym 0.041 (0.409) 0.071 (0.475)
I / sI 9.7 (1.7) 7.0 (1.6)
Completeness (%) 97.0 (94.9) 94.6 (93.5)
Redundancy 2.4 (2.5) 2.8 (2.8)
Refinement
Resolution (A˚) 22.86–1.10
(1.13–1.10)
35.74–1.37
(1.41–1.37)
No. reflections 142,387 (10,069) 84,275 (5,976)
Rwork / Rfree 0.132/0.149
(0.323/0.353)
0.116/0.149
(0.246/0.310)
No. atoms
Protein 6,577 6,679
Ligand/ion 92 116
Water 538 759
B factors
Protein 14.3 13.1
Ligand/ion 21.6 20.0
Water 29.3 27.2
Rmsds
Bond lengths (A˚) 0.0087 0.0088
Bond angles () 1.342 1.380
Ramachandran
plot statistics
Favored residues (%) 95.9 95.7
Allowed residues (%) 3.2 3.4
Outlier residues (%) 0.9 0.9
See also Figure S2.
aValues in parentheses are for highest-resolution shell.
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Polysaccharide Monooxygenase StructuresRemarkably, the sequence and phylogenetic diversity of
fungal PMOs is quite large. For example, the genomes of many
cellulolytic fungi encode more PMOs than cellulases (Berka
et al., 2011; Eastwood et al., 2011; Espagne et al., 2008; Ohm
et al., 2010), suggesting that oxidative cleavage of cellulose is
a major contributor to lignocellulose degradation. In Neurospora
crassa, the ten PMO enzymes upregulated in response to growth
on biomass (Tian et al., 2009) have an average pairwise
sequence identity of only 33%. Here we present atomic-resolu-
tion structures of two PMOs from N. crassa, NCU01050 (PMO-2)
and NCU07898 (PMO-3), which provide structural insight into
the reaction mechanisms of PMOs. Structural and sequence
comparisons also reveal the diversity of substrate binding sites
presented by PMOs. These findings will aid in the identification
of PMO substrates, and in the development of improved enzyme
cocktails for deconstruction of the plant cell wall.1052 Structure 20, 1051–1061, June 6, 2012 ª2012 Elsevier Ltd All riRESULTS
Diversity of the Planar Surface Harboring the Active Site
Structures of N. crassa PMO-2 and PMO-3 were determined at
1.10 and 1.37 A˚ resolution, respectively (Table 1). They are
single domain proteins that adopt an immunoglobulin-like
b sandwich (Figures 1A and 1B), as previously observed in
structures of Hypocrea jecorina Cel61B (HjCel61B) (Karkeha-
badi et al., 2008), Thielavia terrestris GH61E (TtGH61E) (Harris
et al., 2010), and Thermoascus aurantiacus GH61A (TaGH61A)
(Quinlan et al., 2011). The strands in the b sandwich are con-
nected by eight loops with two or three short a helix insertions.
Whereas the loops on one end of the b sandwich are short and
taper to a conical tip, the loops on the other end of the b sand-
wich adjacent to the protein active site form a relatively flat
surface (Figures 1A and 1B) that has been proposed to bind
crystalline cellulose (Harris et al., 2010; Karkehabadi et al.,
2008). Loop L2 is the most diverse region in the PMO family.
Loop L2 varies in length as well as secondary structure, contain-
ing one to three helices in all five known PMO structures (Fig-
ure 1C). Notably, the close proximity of these loops to the active
site of PMOs is topologically similar to two other secreted
proteins, immunoglobulin (Saul and Poljak, 1992) and fibro-
nectin III (Leahy et al., 1996), suggesting that all three protein
families use the same loop regions for molecular recognition
(Figure S1B).
PMOs are secreted proteins containing a number of post-
translational modifications with structural and/or functional
importance, including multiple disulfide bonds (Figure 1C) and
sites of N-glycosylation. In the natively purified PMOs crystal-
lized here, a single N-glycosylation site was found on each
PMO, but at different locations. Whereas the N-glycosylation
site in PMO-2 is distal from the predicted cellulose-binding
surface, the glycan in PMO-3 extends onto the plane of the puta-
tive crystalline cellulose-binding surface (Figure 1B). In PMO-3,
an N-acetylglucosamine dimer attached to Asn6 near the center
of b strand S1 is clearly seen in electron density maps, with weak
density extending from this dimer likely due to additional carbo-
hydrate moieties. Mass spectra of PMO-3 from dissolved
crystals and uncrystallized samples are identical and reveal
that PMO-3 is heterogeneously glycosylated with five to ten
monosaccharide units (Figure S1C). Thus, the glycan is long
enough to form a significant extension of the planar surface
and may play a role in substrate binding as suggested by recent
molecular dynamic simulations performed on fungal cellulose
binding module CBM1 (Taylor et al., 2012).
In the N. crassa PMO-3, the glycan on one side and a short
3-10 helix on the other side (H2.1, Figures 1B and 1C) form
a shallow hydrophilic groove that is tilted toward the copper
center (Figure 1B). By contrast, N. crassa PMO-2 has a shorter
L2 loop, lacks the H2.1 helix, and its N-glycosylation sites are
located on the other side of the molecule (Figures 1A and 1C).
Notably, the H2.1 helix and the N-glycan that extends to the
planar surface are either concurrent or both absent in all PMOs
with known structure. PMO HjCel61B (Karkehabadi et al.,
2008) has the same N-glycosylation site as N. crassa PMO-3,
and contains a three-turn a helix at the position of H2.1.
TaGH61A (Quinlan et al., 2011) has a slightly different arrange-
ment and harbors the N-glycosylation site on another planarghts reserved
Figure 1. Structural Overview of PMO Family Enzymes
(A) A cartoon presentation of N. crassa PMO-2 with the planar surface facing down and the conical tip pointing up. Copper ion is shown as a brown sphere.
Disulfides are in yellow. The glycosylated asparagine residue and glycan are shown as sticks with the carbon atoms in magenta and green, respectively. The
highly variable loop L2 is colored magenta.
(B) PMO-3 from N. crassa viewed as in (A).
(C) Structure-based sequence alignment of N. crassa PMOs with other known X-ray crystal structures. Conserved residues are shaded in gray and the residues
on the planar surface are colored in light blue. Conserved surface aromatic residues are labeled with pink diamonds. Segments assigned to b strands and
a helices are framed with red and cyan lines, respectively, and are labeled in sequential order. Loop L2 is colored magenta. Cysteine residues are highlighted in
yellow and linked with black lines to show disulfide bonding. Glycosylated asparagine residues are highlighted in green. Orange asterisks mark the copper-
coordinating residues.
See also Figure S1.
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Polysaccharide Monooxygenase Structuressurface residue (Asn138) and the H2.1 3-10 helix is conserved
(Figure 1C). In contrast to HjCel61B and TaGH61A, TtGH61E
(Harris et al., 2010) is similar to PMO-2, lacking the L2 loop and
harboring its N-glycosylation sites distal to the planar surface
(Figures 1A and 1C).
Copper Coordination and the Active Site
The active sites of the N. crassa PMOs reside at the center of the
planar surface thought to bind to the substrate and coordinate
a copper ion essential for catalysis (Phillips et al., 2011). As
observed in TaGH61A (Quinlan et al., 2011), the essential
N-terminal histidine is Nε-methylated, although the functionalStructure 20, 10significance of this methylation remains unclear. The copper
ion lies in an octahedral environment exhibiting Jahn-Teller
distortion (Table 2; Jahn and Teller, 1937). The protein N-terminal
amine, Nd atom of Nε-Me-His1, Nε atom of His84 in PMO-2
(His82 in PMO-3), and a water occupy four corners of the equa-
torial plane which is tilted about 30 relative to the planar enzyme
surface (Figure 2A). The three nitrogens coordinate the copper
with typical bond distances, whereas the distance of the water
oxygen from the copper varies widely. One of the axial positions
is occupied by a buried tyrosine, Tyr168 in PMO-2 and Tyr171 in
PMO-3, with the phenolic oxygen located 2.7–2.8 A˚ away from
the copper (Table 2).51–1061, June 6, 2012 ª2012 Elsevier Ltd All rights reserved 1053
Table 2. Geometry of PMO Active Sites
PMO-2/
Chain A
PMO-2/
Chain B
PMO-3/
Chain A
PMO-3/
Chain B
Cu-Nd(HIC) (A˚)a 1.92 1.92 1.95 1.90
Cu-N(HIC) (A˚) 2.25 2.24 2.27 2.29
Cu-Nε(His) (A˚) 1.99 1.97 2.11 2.09
Cu-water (A˚) 1.84 1.82 3.60 2.31
Cu-O(Tyr) (A˚) 2.76 2.80 2.73 2.62
Cu-O1 (A˚) 2.96 2.92 3.44 N/A
O1-O2 (A˚)b 1.16 1.15 1.49 N/A
Cu-O1-O2 () 147.75 142.11 117.16 N/A
See also Figure S6 and Table S1.
aThe coordinate error for PMO-2 is ± 0.011 A˚ and for PMO-3 is ± 0.027 A˚
as determined by the standard uncertainties of the positional parameters
based on the likelihood function (Murshudov et al., 1997).
bThe O-O bond length was not restrained during the refinements in
Table 1. The ideal O-O bond lengths in oxygen, superoxide, and peroxide
are 1.21, 1.33, and 1.49 A˚, respectively (Foote et al., 1995).
Structure
Polysaccharide Monooxygenase StructuresIn the four unique PMO structures determined here (two per
crystal form), the other axial coordination site is occupied by
different ligands, providing structural evidence supporting the
proposed mechanism used by PMOs in the oxidation of
substrates. In the structure of PMO-2, the exposed axial position
is occupied by an oblong-shaped electron density with an end-Figure 2. The Active Site of N. crassa PMOs
(A) A generalized schematic representation of the active site copper coordination.
superoxide in PMO-2 and with hydrogen peroxide in PMO-3 chain A.
(B–D) Weighted electron density maps surrounding the active site of PMO-2 cha
contoured at 1.2 s). The mFObs-DFCalc difference electron density maps after omit
after omitting only the proximal O1 atom are colored in red; and after omitting onl
Tyr24 from PMO-3 chain A is also colored in green and all omit maps are contou
schematic in (A).
(E and F) Oxygen-binding grooves in PMO-2 (E) and PMO-3 (F). The positions of
See also Figure S3.
1054 Structure 20, 1051–1061, June 6, 2012 ª2012 Elsevier Ltd All rion (h1) configuration to the copper ion (Figure 2B). The electron
density is best modeled as a dioxygen species (Figure S2A) with
an unrestrained bond length of 1.16 A˚. The bond length for
oxygen or superoxide is 1.2–1.3 A˚ and peroxide would be close
to 1.49 A˚. This dioxygen species is consistent with a superoxide
species weakly coordinated to Cu(II) (Table 2; Table S1), result-
ing from internal electron transfer in a previously formed
Cu(I)-oxygen species as predicted as part of the PMO reaction
mechanism (Klinman, 2006; Phillips et al., 2011; Solomon
et al., 2011). Notably, the occupancy refinement shows that
the proximal O1 atom has a higher occupancy (0.80, versus
0.71 of the O2 atom), which is consistent with the unequal elec-
tron distribution expected in a superoxide anion (Table S1). The
projection of the O1-O2 bond on the equatorial plane of the
copper coordination points to the N-terminal amine coordination
in both chains, even though the crystal packing results in
different microenvironments for the two active sites.
In the structures of PMO-3, the exposed axial position is either
vacant (chain B, Figure 2D), or occupied by a dumbbell-shaped
electron density 3.3 A˚ from the copper (chain A, Figure 2C). The
shape of the electron density suggests a diatomic species,
which is further supported by comparative modeling (Fig-
ure S2B). The distance between the centers of the dumbbell
lobes of the electron density is 1.49 A˚, a bond length expected
for peroxide instead of molecular oxygen or superoxide (see
Table 2). Given the long distance between the O1 and copper
ion (Table 2), the peroxide species is most likely hydrogenThe blue lines denote the substrate binding plane. ‘‘R’’ is most consistent with
in A (B), PMO-3 chain A (C), and PMO-3 chain B (D) with 2mFO-DFC (in gray,
ting the whole superoxide or hydrogen peroxide molecule are colored in green;
y the distal O2 atom are colored in blue. The Omit map of 3-hydroxyl group on
red at 3.0 s. The orientation is approximately equivalent to that shown in the
bound superoxide and peroxide are shown as red spheres.
ghts reserved
Figure 3. Conserved Residues across the
PMO Family Mapped onto the Structure of
N. crassa PMO-3
(A) PMO-3 is shown as cartoon presentation. The
protein molecule is related to Figure 1B by rotating
about 180 degrees around the vertical axis. The
conserved residues with sequence identity higher
than 85% are shown as sticks. Most of them can
be grouped into four clusters located at the active
site (in magenta), the conical tip (in cyan), a patch
at the center of the hairpin-shaped C-terminal coil
(in yellow), or on the larger sheet of the b sandwich
fold (in green).
(B) Conserved residues on the surface of PMO-3
that connect to the putative electron transfer
pathways are shown on the molecular surface in
yellow, mapped onto the structure of N. crassa
PMO-3.
See also Figure S4.
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Polysaccharide Monooxygenase Structuresperoxide, held in place by additional interactions with the
protein. The O1 atom of the modeled hydrogen peroxide is
3.09 A˚ from Nd of Nε-Me-His1, and is hydrogen bonded to
Ser81 through two waters. The OH group of Ser81 is 2.68 A˚
from Nd of His82, another copper ligand. The O2 atom of the
modeled hydrogen peroxide is also hydrogen bonded to a water
molecule. The projection of the O-O bond on the equatorial plane
of the copper coordination differs from that observed in the
PMO-2 structures, and points to the methyl group attached to
Nε-Me-His1.
To better understand why different dioxygen species are
present in these PMO crystal structures, the microenvironments
surrounding the active sites were compared. In PMO-2, the
dioxygen species lies in a groove formed by side chains of
Nε-Me-His1 and His84 (Figure 2E), and the O1-O2 bond runs
almost parallel to the planar surface. The O1 atom is weakly
coordinated with the copper ion that is positioned at the end of
the groove and between the two copper-coordinating histidines.
Residues Tyr67 and Asp81 extend the edges of the groove and
further restrain the radial orientation of theO2 atom.Whereas the
two histidines and the copper are conserved in all PMOs, Asp81
in PMO-2 is replaced with Pro79 in PMO-3, and Tyr67 in PMO-2
is missing in PMO-3. Thus, PMO-3 has a shallower groove on its
surface compared to PMO-2 (Figure 2F).
In the asymmetric unit of crystals of PMO-3, two enzymes are
packed against each other by means of their planar surfaces via
a pseudo 2-fold noncrystallographic axis. The contact area is
dominated by Nε-Me-His1, Tyr20, and Tyr24 from each mono-
mer. The aromatic rings of all three residues are almost parallel
to the planar surface, stacking on the same triplet from the other
monomer (Figure S3A). This packing pattern resembles how
cellulose-binding modules, like CBM1, are thought to use three
conserved aromatic residues to bind three glucose units on the
crystalline cellulose surface (Boraston et al., 2004; Kraulis
et al., 1989; Figure S3B). As a result of this packing, Tyr24 of
each monomer is positioned close to the active site of the neigh-
boringmonomer.We suggest that the phenol ring of Tyr24 on the
planar surface of PMO-3 mimics the pyranose ring of a glucose
unit that would be present in the PMO substrate on the surface of
crystalline cellulose. Further evidence suggesting that Tyr24
mimics the substrate comes from the observation that Tyr24 ofStructure 20, 10chain A is oxidized to 3,4-dihydroxyphenylalanine by the active
site of chain B after crystal exposure to X-rays (Figure 2D). The
conversion is unlikely to be caused directly by X-ray radiation,
because all the other 15 tyrosines are unmodified and radiation
damage removes the hydroxyl group (Burmeister, 2000; Leiros
et al., 2001, 2006) or decreases Cz density (Leiros et al., 2001).
The hydroxylation of Tyr24 in one of the monomers likely
occurred due to electron capture in the adjacent enzyme active
site during X-ray exposure that served to activate a bound dioxy-
gen species for the hydroxylation reaction. Consistent with this
hypothesis, mass spectra revealed a 16 Da increase in PMO-3
mass in samples extracted from crystals exposed to X-rays,
but not in samples from crystals prior to X-ray exposure, or in
samples from crystals of copper-depleted PMO-3 exposed to
X-rays (Figure S3C). Tyr24 hydroxylation is consistent with the
monooxygenase activity of PMOs although the chemical mech-
anism for tyrosine oxidation may differ from that in glucan chains
due to the different C-H bond dissociation energies for phenols
and carbohydrates (Blanksby and Ellison, 2003).
Mapping Globally Conserved Residues in the PMO
Family
The conserved copper-containing active site suggests that
a similar reaction mechanism is used by all members in the
fungal PMO family. To identify other residues important for the
reaction, the sequences of other cellulose-induced PMOs from
N. crassa were used in a structure-based sequence alignment
(Figure S4A) and conserved residues were mapped onto the
structure of PMO-3 to examine their locations and roles (Fig-
ure 3A). Approximately 15% of residues are highly conserved
with greater than 85% sequence identity. These residues can
be grouped into four clusters located at the active site, the
conical tip, a patch at the center of the hairpin-shapedC-terminal
coil, or on the larger sheet of the b sandwich fold. While the
cluster at the conical tip likely serves a structural role, the other
three may participate directly in substrate recognition and the
electron transfer required for the oxidation reaction.
On the putative substrate-binding plane, only the residues
surrounding the copper are conserved, including the copper
ligands (Nε-Me-His1/His82/Tyr171, PMO-3 numbering) and the
two adjacent residues Gln169 and His160. The second cluster51–1061, June 6, 2012 ª2012 Elsevier Ltd All rights reserved 1055
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Polysaccharide Monooxygenase Structuresis an internal ionic network centered by a buried salt bridge
between Arg153 and Glu155 that connects the copper ligand
Tyr171 with the surface-exposed Lys112 via conserved Tyr198
and Tyr89 (PMO-3 numbering). Two aromatic residues, Trp126
and Tyr215, adjacent to His160 form the third cluster. Interest-
ingly, the last two clusters both connect the active site to
a conserved surface patch on the edge of the b sandwich. The
patch is fairly hydrophilic with a lysine and an aspartic acid sepa-
rated by a Pro-Gly-Pro motif (Figure 3B) providing a possible
recognition site for binding a partner protein such as CDH.
Subfamily-Conserved Residues
Apart from the few amino acids described above, the various
PMOs secreted by each filamentous fungus during growth on
cellulose are highly sequence divergent. For instance, of the 10
N. crassa PMOs upregulated during growth on cellulose (Tian
et al., 2009), the pairwise sequence identities range from 21%
to 64%. Sequence alignments of N. crassa PMOs to those from
other fungi with known structures range from 24% to 39%.
Different PMOs have been shown to generate different products
corresponding to theoxidationof theC1orC4carbonof thepyra-
nose ring in cellulose chains (Beeson et al., 2012; Phillips et al.,
2011). One possible explanation is that PMOs bind to cellulose
uniquely such that the active site is in proximity to different
carbons for hydrogen atom abstraction. We performed multiple
sequence alignments using members of the PMO-2 and PMO-3
subfamilieswithin type-2 and type-3PMOs, respectively (Figures
S1A and S5), and mapped the sequences to the respective
structures (Figures 4A and 4B). In the subfamily represented by
PMO-2, 21% of the amino acid positions are occupied by iden-
tical residues. In the PMO-3 subfamily, 19% of the residues are
occupiedby identical amino acids. Theconserved residuescover
most of the substrate-binding plane, with the globally conserved
residues positioned at the center of the plane and the subfamily-
specific residues scattered around it. Notably, the subfamily-
specific residue distributions display distinct patterns in the
PMO-2 and PMO-3 subfamilies (Figures 4A and 4B).
Fungal cellulases often include a cellulose-binding module
(CBM1), which has a flat surface containing aromatic residues
important for crystalline cellulose binding (Boraston et al.,
2004; Kraulis et al., 1989). In the NMR structure of CBM1 from
H. jecorina Cel7A, three tyrosines are arranged in a line on a
planar surface and are separated fromeach other with a distance
of 10.5 or 10.6 A˚ corresponding to the length of two b-1-4 linked
glucose units in a single glucan chain (Figure 4C; Kraulis et al.,
1989). By contrast, four conserved aromatic residues Nε-Me-
His1, Tyr20, Tyr24, and Tyr210 span the flat surface of
N. crassa PMO-3 and have a different spatial distribution
compared to those on CBM1. The distance between Tyr20 and
Tyr24 is 8.3 A˚, which matches closely to the interchain distance
of cellulose (8.2 A˚) (Nishiyama et al., 2002). When placing these
two residues on the pyranose rings from two neighboring glucan
chains, Nε-Me-His1 and Tyr210 would also stack with other
pyranose rings (Figure 4C). Thus, the distribution pattern of the
surface aromatic residues supports an interchain binding
mode for the PMO-3 subfamily. Importantly, while Nε-Me-His1
and Tyr210 are conserved in nearly all PMOs, Tyr20 and Tyr24
are conserved in every PMO-3 but not in any member of the
PMO-2 subfamily (Figure S5).1056 Structure 20, 1051–1061, June 6, 2012 ª2012 Elsevier Ltd All riIn contrast to PMO-3 subfamily, five aromatic residues are
present on the planar surface of the PMO-2 subfamily (Figure 4A;
Figure S5). Only two of them, Nε-Me-His1 and Tyr206, have their
aromatic rings relatively parallel to the planar surface of the
enzyme, which prevents accurate docking of the remaining
aromatic residues to the planar surface of the cellulose lattice.
Nevertheless, the different location of these aromatic residues
suggests that the PMO-2 subfamily binds cellulose in a different
orientation compared to the PMO-3 subfamily. Notably
TtGH61E, a close structural homolog of N. crassa PMO-2 from
a type-1 PMO subfamily (Figure S1A), has three tyrosines ar-
ranged in a line on the planar surface of the enzyme with
distances of 10.4 and 14.2 A˚ between adjacent Tyr residues
(Harris et al., 2010). These three Tyr residues can be stacked
on three pyranose residues (n, n+2, n+5) in a single glucan chain
in crystalline cellulose, consequently positioning His1 adjacent
to the neighboring glucan chain (Figure 4C). In the case of
TaGH61A (Quinlan et al., 2011), a member of the type-3 PMOs
(Figure S1A), two surface tyrosines aligned with His1 span
distances of 15.5 and 16.5 A˚ fromHis1, respectively. These three
residues are also arranged in a line and can be stacked on three
pyranose residues in a single glucan chain in a (n, n+3, n+6)
manner. In this case, the active site is positioned near the
same glucan chain (Figure 4C).
DISCUSSION
All fungal PMO enzymes may use the same oxidative chemistry
to overcome the recalcitrance of the crystalline cellulose
substrate as evidenced by the identical copper binding sites in
five fungal PMO structures. The dioxygen species and hydroxyl-
ation product observed in the present structures of N. crassa
PMO-2 and PMO-3, likely due to in situ reduction of the active
sites by X-ray exposure, provide additional support for the
oxygenation reaction mechanism proposed previously (Phillips
et al., 2011) and recently further substantiated (Beeson et al.,
2012). In the first step of the proposed mechanism (Figure S6),
copper reduction and oxygen binding are followed by internal
electron transfer to form a PMO-CuII superoxo complex that is
consistent with the modeled superoxide species seen in the
N. crassa PMO-2 structure (Figure 2B). In the next step, the
copper superoxo may directly abstract a hydrogen atom from
the nearby substrate, generating a copper hydroperoxo interme-
diate and a substrate radical. In the third step of the reaction,
a second electron could then facilitate O-O bond cleavage in
the copper peroxo species, releasing water and generating
a copper oxo radical that could couple with the substrate radical
to hydroxylate the polysaccharide. Finally, hydroxylation at the
C1 or C4 position of pyranose moieties will destabilize the glyco-
sidic bond (Beeson et al., 2012; Phillips et al., 2011) with the elim-
ination reaction possibly catalyzed by a conserved third histidine
present in all PMOs (His 157 in PMO-2 and His160 in PMO-3,
Figures 3A and 4). Cleavage of the glycosidic bond by PMOs
would thereby generate a regular glycan and an aldonolactone
or 4-ketoaldose. The structure of PMO-3 chain A with a modeled
hydrogen peroxide in the active site may represent an interme-
diate state of the reaction cycle, and the hydroxylation of Tyr24
in chain B may be an outcome of oxygen reduction (Figure 2C).
Tyr24 hydroxylation may follow a different reaction mechanismghts reserved
Figure 4. Models for Substrate Binding by PMOs
(A) Planar surface of PMO-2 showing conserved residues. The globally conserved and the PMO-2 subfamily conserved residues are colored in yellow and green,
respectively. The copper ion is shown as an orange sphere. The red arrow indicates the oxygen binding groove.
(B) Planar surface of PMO-3 showing conserved residues in PMO-3, as described for PMO-2 in (A), with PMO-3 subfamily residues colored cyan. Dashed lines
outline the shallow hydrophilic groove between the H2.1 and the N-glycan in N. crassa PMO-3.
(C) Docking of the flat surface aromatic residues of a CBM1 and PMOs to the crystalline cellulose hydrophobic face built from the crystal structure of cellulose Ib
(Nishiyama et al., 2002). Cellulose chains are shown as black lines and the distances between pyranose units are labeled with red dotted lines. Aromatic residues
on the flat surface of each protein are shown as sticks and the distances are labeled with blue dotted lines. The carbon atoms of TrCel7A-CBM1 (PDB entry
1CBH), TtGH61E (PDB entry 3EJA), TaGH61A (PDB entry 3ZUD), andNcPMO-3 are colored in yellow, green,magenta, and cyan, respectively. Alternative binding
of each protein can be formed bymoving along the glucan chain for a distance of an odd number of pyranose units, as shown in the figure for two PMO-3 s, in dark
and light cyan, respectively, and separated from each other by three pyranose units along the glucan chain.
See also Figure S5.
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Polysaccharide Monooxygenase Structuresthan the one proposed above, but it demonstrates the genera-
tion of a reactive oxygen species when electrons are supplied.
These observed structural features, including the modeled
superoxide in PMO-2 and the modeled hydrogen peroxide and
hydroxylated Tyr24 in PMO-3, are indicative of the types of
chemistry that can be supported by PMOs and are consistent
with the proposed catalytic mechanism.
In addition to forming a highly reactive copper center for oxida-
tive polysaccharide degradation, PMOs face the challenge of
accessing their substrates in the complex structure of the plant
cell wall. The cell wall contains other components like lignin,Structure 20, 10hemicellulose, and pectin. Cellulose itself displays structural
polymorphism including different crystalline forms (Larsson
et al., 1997) and twisted microfibrils (Fernandes et al., 2011;
Matthews et al., 2006), which will lead to highly diversified cellu-
lose surfaces exposed on the plant cell wall. To degrade such
a diversity of targets, filamentous fungi like N. crassa secrete
a large number of PMOswith different structural features on their
predicted substrate recognition surfaces. First, the aromatic
residues on the planar surface are highly divergent in number
and location, as exemplified in N. crassa in which none of these
residues is absolutely conserved in its ten PMOs upregulated by51–1061, June 6, 2012 ª2012 Elsevier Ltd All rights reserved 1057
Figure 5. Active Site and the Substrate
Binding Surface in CBM33 Family
(A) Active sites alignment of N. crassa PMO-3 (in
cyan) and S. marcescens CBP21 (PDB entry
2BEM, in gray, residue numbers in parentheses).
While His1 and His82 are conserved in CBP21, the
axial coordinating residue tyrosine, which is
absolutely conserved in all PMOs, is replaced with
a phenylalanine in many CBM33s. Furthermore,
Gln169 and His160 (PMO-3 numbering) are
conserved in all PMOs but are not conserved in
CBP21. His160 may catalyze the final elimination
reaction to cleave the glycosidic bond and is re-
placed with an aspartic acid in CBP21 and many
other CBM33 proteins.
(B) Substrate binding surface in the CBM33 family.
The S. marcescens CBP21 structure (PDB entry
2BEM) is shown in gray cartoon, with the
conserved residues on the flat surface shown as
sticks. The conserved hydrophilic residues that
have been experimentally proven to be important
for chitin binding (Vaaje-Kolstad et al., 2005) are
colored in green. In S. coelicolorCelS2, which acts
on cellulose (Forsberg et al., 2011), differences in
residues arrayed on the planar surface are labeled
in parentheses. A sequence insertion in CelS2 that
contains four aromatic residues (circles), is
modeled schematically in magenta.
See also Figure S7.
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Polysaccharide Monooxygenase Structuresbiomass. Second, the PMO N-glycosylation sites are located at
different positions, with some of the N-glycans likely serving as
an integral component of the substrate binding planes, as seen
in N. crassa PMO-3. Third, while all reported structures of
PMOs lack a dedicated cellulose-binding domain, C-terminal
CBM1 domains are frequently found in fungal PMOs that would
play a role in substrate recognition and binding. Finally, PMOs
may have binding grooves on their surface for molecular oxygen,
as in PMO-2, to promote specific hydrogen atom abstraction
adjacent to the glycosidic bond.
Once PMOs bind to the cellulose surface, their active sites,
located at the center of the substrate-binding plane, are prob-
ably inaccessible to external electron donors and may require
long distance electron transfer during the reaction cycle.
Hydrogen bonds and p orbitals are the most likely electron
tunneling media in proteins (Gray and Winkler, 1996), and both
may play a role in electron transfer in PMOs. Fungal PMOs
have an internal conserved ionic network centered with a buried
salt bridge between Arg153 and Glu155 that connects copper-
ligand Tyr171 with the surface-exposed Lys112 via conserved
Tyr198 and Tyr89 (PMO-3 numbering). Long distance electron
transfer may be carried through this conserved hydrogen bond
network. Another electron path may be provided by two nearby
aromatic residues, Trp126 and Tyr215, adjacent to His160. Both
potential pathways are composed of conserved residues
across all PMOs and connect the active site to a relatively hydro-
philic patch on the surface of the protein (Figure 3B). CDH,
a fungal secreted flavocytochrome, is a known electron donor
to PMOs (Langston et al., 2011; Phillips et al., 2011). Notably,
the heme-containing domain of CDH from a distantly related
basidiomycete fungus (Hallberg et al., 2000) can be docked
computationally to the conserved hydrophilic surface patch (Fig-1058 Structure 20, 1051–1061, June 6, 2012 ª2012 Elsevier Ltd All riure S4B). Thus, the electrons required to reduce copper-oxygen
species could be transferred through these two conserved paths
in fugal PMOs from the CDH heme-containing domain to the
PMO active site.
Proteins with structural similarity to the fungal PMOs can be
found in bacteria as CBM33 family proteins defined in the
CAZy database (Cantarel et al., 2009) although these proteins
generally have less than 10% sequence identity when compared
to PMOs in N. crassa. The best characterized CBM33 member,
Serratia marcescens CBP21, has been shown to degrade crys-
talline chitin in the presence of divalent metal ions and oxygen
(Vaaje-Kolstad et al., 2010). Chitin and cellulose are both recalci-
trant polysaccharides and their pyranose backbone chains are
similar. However, chitin has an acetamido group replacing a
hydroxyl group in cellulose on the ring C2position, which renders
the surface of chitin more hydrophilic and amenable to polar
interactions. Comparison between these two families provides
further hints regarding substrate recognition and the reaction
mechanism. The protein database (Protein Data Bank [PDB])
contains crystal structures of three CBM33 members, including
S. marcescens CBP21 (PDB entry 2BEM) (Vaaje-Kolstad et al.,
2005) and two other CBM33s (from Burkholderia pseudomallei
and Vibrio cholera, PDB entries 3UAM and 2XWX respectively,
with no associated publication). CBM33s also contain a central
b sandwich fold but have more helical secondary structures
than PMOs. Notably, of five absolutely conserved residues
surrounding the active-site copper, only two histidines are re-
tained in CBM33s (Figure 5A), which imply CBM33s may utilize
a different molecular mechanism for polysaccharide oxidation.
Whereas PMOs have multiple aromatic residues on the planar
surface, CBM33s have many more hydrophilic residues on their
flat surface (Figure 5B), and a hydrophilic patch in CBP21 hasghts reserved
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Polysaccharide Monooxygenase Structuresbeen proposed for chitin recognition (Vaaje-Kolstad et al., 2005).
The substrate binding surface properties of PMOs that target
cellulose and CBM33s that target chitin therefore coincide with
the different surface properties of cellulose and chitin.
Finally, it is worth noting that PMOs and CBM33s are highly
diversified, and the substrate specificity to cellulose and chitin,
respectively, is only based on a small number of tested enzymes.
The N. crassa PMO-3 structure with the hydroxyl modification
on Tyr24 suggests that the PMO superfamily may include
enzymes with substrates that include phenol derivatives, such
as those in lignin. Furthermore, the CBM33 member CelS2 from
Streptomyces coelicolor has recently been shown to have cellu-
lose oxidation activity (Forsberg et al., 2011). When compared
to the three CBM33s with known structure, CelS2 has a cellu-
lose-binding domain and a sequence insertion containing four
aromatic residues (Figure 5B). These structural features may
contribute to itsbinding tocelluloseandcellulolytic activity. Future
experiments to identify the substrates of the different PMO and
CBM33 family members should reveal the wide array of polysac-
charides that are targeted by this new class of monooxygenase
enzymes, and should aid in the development of more efficient
enzymecocktails for lowcost lignocellulosic biomass conversion.
EXPERIMENTAL PROCEDURES
Structure Determination
N. crassa PMO-2 and PMO-3 were purified from the secretome of N. crassa
culture growing on cellulose (Avicel) as described previously (Phillips et al.,
2011). PMO-2 crystals were grown at room temperature with polyethylene
glycol 3350 as precipitant using the hanging-drop vapor diffusion method.
The best PMO-3 crystals were obtained from amicrocentrifuge tube incubated
at 4C for a week containing 50 ml of 10 mg/ml PMO-3 in 10 mM Tris-HCl,
100 mM NaCl (pH 8.5). X-ray diffraction data were collected at beamline
8.3.1 at the Advanced Light Source at Lawrence Berkeley National Laboratory.
The initial phases were obtained by the molecular replacement method using
search models built from the structures of HjCel61B (PDB entry 2VTC) (Karke-
habadi et al., 2008) and TtGH61E (PBD entry 3EJA) (Harris et al., 2010). The
models for PMO-2 and PMO-3 were built using the program COOT (Emsley
and Cowtan, 2004) and were refined using simulated annealing with Phenix
(Adams et al., 2002) to correct the model ambiguity in loop regions. The final
model was refined with anisotropic temperature factors and all hydrogen
atoms added using the program Refmac5 (Murshudov et al., 1997) within
the CCP4 package using the CCP4i interface (Collaborative Computational
Project, Number 4, 1994). PMO-3 dataset was twinned and was refined in
Refmac5 with the twin refinement setting on, which allows automatic twin
operator and twin fraction determination (twin operator: ‘‘-H, -K, L,’’ fraction:
0.405). Table 1 summarized the statistics of data collection and refinement.
The O-O bond lengths of the dioxygen species in PMO-2 and PMO-3 were
refined without restraints on bond length. In the PMO-2 refinement, the occu-
pancies of the dioxygen species were first refined as a group, which would
be consist with the electron distribution in molecular oxygen. However, in
Fobs–Fcalc difference electron density maps, negative density at a 3.5 s level
was found near the distal oxygen atom in both monomers in the asymmetric
unit and the B factor of the copper-proximal oxygen atomO1 refined to a value
higher than that of the distal oxygen O2. Therefore, the occupancies of the two
oxygen atomswere refined individually. The final occupancies ofO1 andO2are
0.80 and 0.71, which is more consistent with the electron distribution in super-
oxide anion. In addition, the negative difference density near O2was eliminated
at a3.0s level. Furthermore, theB factor of the copper-proximal oxygen atom
O1 refined to a lower value than that of the distal oxygen O2 (Table S1).
Sequence Alignment of PMOs
The structure-based sequence alignment of N. crassa PMO-2, PMO-3,
HjCel61B (PDB entry 2VTC) (Karkehabadi et al., 2008), TtGH61E (PDB entryStructure 20, 103EJA) (Harris et al., 2010), and TaGH61A (PDB entry 3ZUD) (Quinlan et al.,
2011) was performed by using Superpose (Krissinel and Henrick, 2004) within
the CCP4 package. Then this alignment was used as a profile in the program
MAFFT (Katoh and Toh, 2008) for sequence alignment of all cellulose induced
PMOs from N. crassa (Tian et al., 2009).
Multiple Sequence Alignments of PMO Subfamily Members
Homologs of PMO-2 and PMO-3 were found with a BLAST (Altschul et al.,
1997) query of the PMO sequence against a database of predicted fungal
proteins from finished and ongoing fungal genome projects. Representative
basidiomycete and ascomycete sequences were chosen and each sequence
was truncated at the N-terminus to remove the signal peptide so that the
sequences started with His1. The C terminus was also truncated so that the
last residue was an absolutely conserved proline (Pro218 in PMO-2 and
Pro220 in PMO-3). Multiple sequence alignments were carried out using
T-COFFEE software package with default parameters (Notredame et al.,
2000). Each subfamily was defined by the group of PMOs that are orthologs
for PMO-2, NCU02240, and PMO-3 in other fungi with a sequence identity
higher than 50%.
Intact Mass Spectrometry of Native Proteins
Mass spectra were acquired using an Agilent 6510 quadrupole time-of-flight
(Q-Tof) mass spectrometer. Crystals of N. crassa PMO-2 and PMO-3 were
collected and washed in crystallization well solution and then dissolved in
water. Onemicroliter of a 1 mMprotein sample was injected using an autosam-
pler. Proteins were analyzed using an Agilent HPLC-chip cube and chip
(G4240-62001) that contained Zorbax 300SB-C18 enrichment (4 mm; 40 nl)
and analytical columns (34 3 75 mm). Solvent A was 97% water: 3% acetoni-
trile: 0.1% formic acid. Solvent Bwas 95%acetonitrile: 5%water: 0.1% formic
acid. Protein was eluted using a gradient of 3% to 95% B over 9 min. Instru-
ment parameters during data acquisition were as follows: HPLC-Chip voltage
1.85 kV, gas temperature 300C, and drying gas flow 4 l/min. Samples were
acquired at 1.03 spectra/s and 975.2 ms/spectrum with a range of 300–
3,000 m/z. External mass calibration was performed immediately prior to
measurements. Deconvolution of mass spectra was performed with Agilent
MassHunter software.
Docking of PMOs on Crystalline Cellulose
ACIF file of cellulose Ib containing the asymmetric unit coordinates (Nishiyama
et al., 2002) was converted to PDB format by using Open Babel (O’Boyle et al.,
2011). The cellulose crystalline matrix was generated with the SuperSym plu-
gin in PyMol (http://www.pymol.org). For manual docking, the structures of
CBM1, HjCel61B, TaGH61A, and N. crassa PMO-3 each were placed above
the cellulose (100) face and oriented so that the protein planar surface was
parallel to the (100) face and the stacking area between the aromatic rings
and the pyranose units was maximized.
Modeling of Electron Transport Pathways in PMOs
Docking of the CDH heme domain from the white rot fungus Phanerochaete
chrysosporium (PDB entry 1D7B) (Hallberg et al., 2000) onto N. crassa
PMO-3 was performed with ZDOCK (Chen et al., 2003).
Sequence Alignment of CBM33s
The sequences of CBP21 from Serratia marcescens (Vaaje-Kolstad et al.,
2005) and two other CBM33s (PDB entries 2XWX and 3UAM) were aligned
based on their structures by using Superpose (Krissinel and Henrick, 2004)
within the CCP4 package (Collaborative Computational Project, Number 4,
1994). Subsequently, CelS2 from Streptomyces coelicolor was added to the
alignment by using the program MAFFT (Katoh and Toh, 2008).
Figure Preparation
All of the structural figures presented in this manuscript were preparedwith the
molecular visualization software PyMol (http://www.pymol.org).
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The structure models and structure factors for PMO-2 and PMO-3 have been
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